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ABSTRACT 
 
 
 
MORPHOMETRIC AND GENETIC VARIATION AMONG POPULATIONS OF THE 
SHORT-TAILED SHREW, BLARINA CAROLINENSIS, LOCATED ALONG THE 
COASTAL PLAIN OF VIRGINIA 
 
By Devon S. Kersten 
 
A thesis (or dissertation) submitted in partial fulfillment of the requirements for the degree of 
Master of Science at Virginia Commonwealth University. 
 
Virginia Commonwealth University, 2011 
 
Major Co-Directors: John F. Pagels, Ph.D. Professor Emeritus, Department of Biology and 
Bonnie L. Brown, Ph.D. Professor, Department of Biology 
 
 
The distribution of short-tailed shrews, Blarina carolinensis and B. brevicauda, demonstrates 
contiguous allopatry in peninsular situations in the Coastal Plain of Virginia, and in other areas.  
The distribution of these two species is unusual in that they do not exhibit syntopy except within 
a narrow corridor along the borders of their ranges. Interestingly, along the Coastal Plain of 
Virginia, B. carolinensis is generally found only at the distal ends of the peninsular areas, 
existing as local populations that appear to be isolated from each other and from the primary 
population that exists in south-central Virginia.  It is thought that the disjunct distribution of B. 
carolinensis populations results from the unique physiography of Chesapeake Bay, namely 
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peninsular water barriers, and that the intervening distribution of its congener, B. brevicuada, 
should promote morphometric and population differentiation due to isolation.  Whether 
populations of B. carolinensis along the Coastal Plain of Virginia are truly isolated (and possibly 
morphologically and/or genetically dissimilar to the continuous southeastern Unites States 
distribution) is unknown.  I examined cranial morphometrics and molecular genetic characters 
(mitochondrial DNA control region and exon-primed intron-crossing nuclear DNA, EPIC) from 
peninsular populations of B. carolinensis and compared them to shrews of the mainland 
population to address this question.  The sources of specimens were shrews ensnared in 
discarded bottles along roadsides, museum skins, and specimens frozen in alcohol.  Principle 
coordinate analyses did not indicate a correlation between cranial morphology and genetic 
structuring of the populations.  MANOVA analyses correlate distinct geographic regions with 
variation of four cranial measurements related to length.  A 492 base pair region of the 
mitochondrial control region was obtained for many specimens and found to be polymorphic 
resulting in 27 unique haplotypes evenly partitioned across populations reflecting low levels of 
differentiation.  Nuclear DNA markers were not found to exhibit repeatable amplification and 
therefore were not useful.  Genetic variance detected among populations ranged from ΦPT = 
0.001 to 0.045.  The effective number of migrants (Nem), as estimated from the standard 
relationship with ФPT values, indicated panmixia.  Both sets of observations indicated that 
physiography and B. brevicauda are not as severe factors limiting migration among the Coastal 
Plain populations of B. carolinensis as was thought. 
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INTRODUCTION 
 
The short-tailed shrews, Blarina carolinensis and B. brevicauda, are parapatrically distributed 
throughout their entire range (Tate et al. 1980; George et al. 1986; Pagels and French 1987; 
McCay 2001; Webster et al. 2011).  The distributional pattern of these two species (Figure 1) is 
unusual in that they do not exhibit syntopy except within a narrow corridor along the borders of 
their ranges.  Along the Coastal Plain of Virginia this interaction has resulted in seemingly 
isolated populations of B. carolinensis, that are limited to the distal portions of the peninsular 
areas by a continuous population of B. brevicauda which occupies the surrounding habitat (Tate 
et al. 1980, Pagels and French 1987).  Migration among the Coastal Plain populations of B. 
carolinensis and their continuous range in the southeastern United States is presumably 
prohibited by the presence of B. brevicauda and geographic barriers in the form of water.  Five 
recognized sub-species of B. brevicauda occur in areas geographically isolated from the main 
distribution of B. brevicauda (Webster et al. 2011) and are easily distinguished on the basis of 
cranial morphology.  In fact, taxonomic revisions of shrews have traditionally used cranial 
morphometrics (Webster et al. 2011, Braun and Kennedy 1983, Reilly et al. 2005); it is unknown 
whether genetic differences exist among these sub-species.  It is thought that the disjunct 
distribution of B. carolinensis populations results from the unique physiography of Chesapeake 
Bay, namely peninsular water barriers, and that the intervening distribution of its congener, B. 
brevicuada, should promote morphometric and population differentiation due to isolation. 
The short-tailed shrews (Family Soricidae, Genus Blarina) exist in a variety of terrestrial 
habitats covering eastern North America (Webster et al., 2011).  Forms of the northern short-
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tailed shrew, Blarina brevicauda talpoides, B. b. delmarvensis, and the southern shot-tailed 
shrew, B. carolinensis, occur in Virginia (Tate et al. 1980; George et al. 1986; McCay 2001; 
Webster et al. 2011).  Blarina b. talpoides occurs throughout most of the Virginia and B. b. 
delmarvensis on the Delmarva Peninsula.  Blarina carolinensis, formerly B. b. carolinensis, has 
only relatively recently been given species status (Genoways and Choate 1972, Ellis et al. 1978).  
The range of B. carolinensis in Virginia extends along the lower Coastal Plain, and into south-
central Virginia, where the distribution is continuous with the range of B. carolinensis 
throughout the southeastern United States (Pagels and French 1987; McCay 2001; Webster et al. 
2011).  Northern Neck Peninsula is the northern limit of the range of B. carolinensis in the 
southeastern United States.  In the lower coastal plain the species occurs in four seemingly 
isolated populations (Northern Neck Peninsula, Gwynn’s Island, Old Point Comfort, and 
Virginia Beach) located at the distal ends of the peninsulas of 80 km or more created by adjacent 
Chesapeake Bay tributaries.  These sites are thought to be isolated from each other and from the 
main population that extends into south-central Virginia (Tate et al. 1980, Pagels and French 
1987).  Based on their geographic isolation, populations of B. carolinensis located along the 
lower Coastal Plain of Virginia are expected to be genetically isolated from each other, as well as 
from the larger continuous population of the southeastern United States. 
The presumed isolation is based not only on water barriers among the populations, but 
also on the presence of B. brevicauda, which occupies areas adjacent to these populations.  
Blarina brevicauda is considered an effective barrier to migration among B. carolinensis 
populations due to size-based guild association in shrew populations (i.e., partitioning of habitat 
resources according to vertical forage mode which in turn is affected by size of individuals), 
which precludes the presence of similarly sized species of shrews from inhabiting the same range 
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due to resource limitations (Ford et al. 2006, McCay et al. 2004).  The current species 
distribution along the Coastal Plain of Virginia is thought to be caused by niche partitioning via 
competition between B. brevicauda and B. carolinensis.  Blarina carolinensis may separate 
ecologically by inhabiting areas associated with well-drained sandy soils and more xeric low 
elevation forests (Rose 1992; Greenberg and Miller, 2004; Ford et al. 2006; Webster et al. 2011). 
Webster et al. (2011) note in their taxonomic revision of Blarina brevicauda, that while 
the two main subspecies of B. brevicauda, B. b. brevicauda and B. b. talpoides, have been 
separated for ~1.2 MY (Brant and Orti 2002), the five other recognized subspecies seem to fit the 
pattern of centrifugal speciation.  Centrifugal speciation (Brown 1957) is a speciation theory 
stating that population expansion and contraction events will result in isolated populations along 
the periphery of the species range as the source populations and the peripheral populations 
contract into separate refugia.  Population isolation may simply have resulted from normal 
population expansion and contraction events combined with populations of B. brevicauda acting 
as a migration barrier.  This would be similar to the isolation of another subspecies, B. b. 
cumberlandensis, where isolation from B. brevicauda occurred as a result of geographic 
(surrounded by the Tennessee River on three sides) and the occurrence of contiguous allopatric 
species (B. carolinensis) barriers to migrants (Webster et al. 2011).  The same pattern occurs in 
B. b. knoxjonesi, located along the coast of North Carolina, which is isolated by habitat and a 
population of B. carolinensis (Webster et al. 2011).  These other subspecies, with the exception 
of B. b jerrychoatei, are also isolated along the periphery of the range of B. brevicauda.  For 
example, B. b. aloga is located on islands and B. b. delmarvensis at the end of the Delmar 
peninsula (Webster et al. 2011).  The question of interest is whether the pattern of centrifugal 
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speciation observed for subspecies of B. brevicauda located along the periphery of their range 
may be repeated in isolated populations of B. carolinensis along the coastal plain of Virginia. 
To evaluate the possible interplay of morphological and genetic divergence among 
putatively isolated peninsular populations of short-tailed shrews, B. carolinensis, along the 
Coastal Plain of Virginia, I examined cranial morphology and both mitochondrial DNA, which 
evolves at a slower pace, and nuclear DNA, which is commonly used to estimate both spatial and 
ecological divergence.  I used skulls collected from discarded bottles along state routes for 
cranial morphometric analysis and as the source of tissues for genetic analysis.  Discarded bottles 
mortalities can provide larger sample sizes for morphometric analysis, and distributional studies 
that pitfall or snap trapping combined, but has not been used as a possible source of genetic 
material in the studies of Soricids.  The speed and ease of collection of Blarina specimens from 
discarded bottles necessitates examination of the material’s utility in genetic studies.  It was 
expected that morphological and genetic variation would elucidate whether the Coastal Plain 
populations are locally adapted due to ecological partitioning or evolutionary processes.  Blarina 
carolinensis specific primers were developed to sequence the mitochondrial control region and 
the Actin intron region of genomic DNA.  Multivariate analyses of morphometric and haplotypes 
data should resolve sources and patterns of variance among populations. 
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METHODS 
Sampling 
Shrews were collected from distal points of three peninsulas along southern Chesapeake Bay in 
the Coastal Plain of Virginia where coastal populations of B. carolinensis are documented (Tate 
et al. 1980).  The peninsular sampling locations were located approximately 50 km downstream 
of the headwaters of Potomac, Rappahannock, York, and James Rivers (Figure 2).  For 
comparison, shrews were collected from Granville and Wilson counties in North Carolina, and 
south-central Virginia.  Each location was sampled at multiple sites to capture the spatial scale of 
putatively discrete populations.  The method of collection was to examine the contents of 
discarded bottles as described by Pagels and French (1987) and Benedict and Billeter (2004).  
Mortality of small mammals in discarded bottles has provided previously a source of data for 
species distributions (Pagels and French 1987; Benedict and Billeter 2004).  I used specimens 
collected from discarded bottles (Table 1) for distribution data and as the tissue material for 
molecular genetic analyses.  Samples were collected by traversing on foot through drainage 
ditches and the sparsely wooded edges along state routes during winter and early spring (January 
- March) over the course of two years (2007-2008) as lack of vegetation in that period is more 
conducive to visual and exploratory search methods (Pagels and French 1987). 
Bottle contents were strained.  Skulls were removed, rinsed with water, and placed in an 
85% ethanol solution.  Intact carcasses were removed and placed in 85% ethanol to forestall 
further degradation.  All other remains were discarded.  Location of each sample was recorded 
by county, nearest road intersection or point of interest, GPS coordinates, and individual bottle 
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from which they were collected.  The number of skulls found per bottle, size, and material were 
also recorded.  The great numbers of bottles found discarded along roadsides prohibited removal; 
however, bottles were left in positions that would not facilitate trapping other organisms 
Museum skins (n=25 specimens) and specimens frozen in 70% alcohol (n=25) from the 
Mammalogy Lab at Virginia Commonwealth University were used to support data obtained from 
discarded bottle remains (Table 2).  All tissue samples taken from museum skins and fluid 
preserved samples (Table 3) were excised from the abdominal region to avoid issues of tissue 
heteroplasmy, the occurrence of more than one form of mtDNA that can occur in certain organs 
(Mendez-Harclerode et al. 2007). 
 
Cranial morphometric measurement 
Morphometric data were recorded for all intact skulls including: occipito-premaxillary length, 
greatest length of the skull, palate length, post-palate length, maxillary breadth, and zygomatic 
plate breadth according to the methods described by Martin et al. (2001), McCay (2001), Ellis et 
al. (1978), Choate (1972), Tate et al. (1980), George et al. (1986), Braun and Kennedy (1983), 
and Webster et al. (2011).  All available measurements were included for damaged skulls (Table 
1).  A priori species determination of specimens was based on these cranial measurements.  
Relative age of specimens was determined based on tooth wear according to the methods 
described by Pearson (1945).  
  
DNA extraction and purification 
Skulls were rinsed with DI water (including nasal cavities), cleaned of hair, skin, and other 
contaminants and then placed in bleach sterilized mortars.  Two surface decontamination 
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methods were attempted, a 3% (w/v) bleach solution soak for 5 minutes, and a 0.1 Molar 
hydrochloric acid bath for 1 minute.  The bone material was frozen with liquid nitrogen and 
ground into a fine powder.  DNA was then extracted using the MOBIO UltraClean™ Fecal Kit 
with a slightly modified protocol. 
Powdered bone tissue was placed in a 1.5 mL tube with 400 µL lysis buffer (10mM 
TRIS, 100mM EDTA, 2% SDS, adjust pH to 8.0 with HCl added dropwise, filled to volume with 
nuclease free water), 100 µL IRS solution from MOBIO UltraClean™ Fecal DNA Kit, and 10 
µL proteinase-K RNase solution (PKR 20 mg/mL proteinase –K, 4 mg/mL RNase-A, in 10μM 
Tris-HCL, pH 7.8).  All samples were placed in a heating block at 60°C for 24-48 hours.  From 
this point, standard MOBIO UltraClean™ Fecal Kit protocol was resumed at step 7, of the 
manufacturer’s instructions, with optimization based on supernatant volume and a dual step 
elution of DNA from the membrane (50 µL of solution S5, heated to 40°C, added twice) to 
ensure complete membrane coverage and total DNA elution.  This process resulted in 100µL 
volume which proved to be too dilute for effective PCR amplification due to low DNA volume.  
Thus DNA was precipitated by adding one third volume of 7.5 M AmAOc (34µL), briefly 
vortexed, an equal volume of Isopropanol (99% at 134µL), mixed, added 5µL of Polyacryl™ 
carrier, set on ice for 5 minutes, and finally spun in a centrifuge for 10 minutes at 12000 rpm and 
4°C.  After decanting the liquid, tubes were rinsed with 70% ethanol, spun for 1 min and drained, 
and then held upside down at room temperature for 30 min to dry.  The resulting DNA pellet was 
then rehydrated with 20 µL of 0.25 X TE and stored at -20°C. 
 
Mitochondrial DNA and nuclear DNA amplification 
Samples with extremely low mtDNA yields were pre-amplified using Templiphi™ (Illustra, GE 
Healthcare) following the manufacturer’s standard reaction protocol from the manual except 
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using one half the recommended volume.  The error rate for Templiphi™ (Illustra, GE 
Healthcare) was between 1 x 10-7 to 1 x 10-6.  Linear nuclear DNA was amplified using the 
Genomiphi™ V2 (Illustra, GE Healthcare) kit according to the manufacturer’s standard protocol.  
The error rate for Genomiphi™ V2 (Illustra, GE Healthcare) was 1 x 10-7.  The pre-amplified 
mtDNA product was then serially diluted to 1:25, 1:50, 1:100, 1:500 for each individual prior to 
PCR amplification. 
 
Mitochondrial DNA 
To avoid amplifying co-occuring decomposers, effective amplification of the mitochondrial 
DNA (mtDNA) control region required the creation and use of shrew-specific primers that 
annealed to the 12S rRNA (12S) and cytochrome-B (cyt-B) genes located on either side of the 
control region.  We attempted to use L14724 and H15915 primers (Brant and Orti 2002) to 
amplify the cyt-B gene for sequencing.  Primers for the 12S rRNA coding region were created 
using the completed mouse genome (NCBI acquisition number EF108344) as a template.  The 
reverse primer sequence was modified from a universal insect primer (mtD-35) created by the 
University of British Columbia.  The forward primer was designed within the 12S coding region, 
again using the mouse genome as a template.  The 12S fragments were unreliably amplified by a 
majority of the samples tested and extensive DNA degradation prohibited the effective use of 
primers spanning the entire control region, and were abandoned in favor of the shrew specific 
primers created by Brant and Ortí (2003). 
 Multiple banding patterns observed following gel electrophoresis (Figure 3A) prompted 
the need for additional purification.  The PCR product for the mtDNA control region was loaded 
into Agarose gels (0.8%) with Ethidium Bromide and electrophoresed from 4-6 hours at 35 mA 
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to obtain optimal band separation.  Samples were loaded in every other well to avoid chance 
contamination.  Gels were visualized using a blue light, and the target bands (~780 bp) were 
punched using a plastic tube and DNA was extracted from the gel slices with Ultrafree-MC™ 
(Millipore) filters by centrifuging at 5000 rpm for 5 minutes.  Each gel extracts was used as a 
template for a new PCR reaction as initial amplification produced faint banding indicating DNA 
fragment concentrations too low to produce a quality sequence.  Subsequent visualization of 
amplified gel cuttings often showed multiple banding patterns (Figure 3A). 
 
EPIC 
The exon-primed intron-crossing (EPIC) universal mammalian Actin primers developed by 
Palumbi and Baker (1994) were used in an attempt to find informative nuclear DNA loci.  
Restriction digests of EPIC amplicons should yield population level allelic variation (Palumbi 
and Baker 1994).  Novel primers also were also designed for the mammal specific NFGR (~1100 
bp and 550 bp), AQP1 (~744bp), FGF7 (~1400bp), BMP4 (~1269bp), and Actin (~1100bp) 
genes by creating a consensus sequence from four different mammalian species (Bos taurus, Mus 
musculus, Rattus norvegicus, Canis familiarus) to find conserved regions of the exons.  
Sequence alignment, concensus, and primer creation were done in DNASTAR v.4.0 (Burlund 
1999).  EPIC bands were gel purified using the same protocol as outlined for the mtDNA control 
region. 
 
Cloning 
Gel-purified amplicons of the mtDNA control region and Actin from four samples, representing 
each of the study populations (Northern Neck Peninsula, South-eastern Coastal Plain, NC, 
South-central VA), were cloned using the Topo TA™ cloning kit (Invitrogen) following the 
                                                             10
manufacturer’s standard protocol.  Transformant colonies were selected and used as a template 
for PCR amplification using M13 primers (Table 4).  The target bands (~750 bp) were separated, 
following the protocol outlined previously, for subsequent removal, purification, and re-
amplification.  Gel visualization confirmed single bands.  A consensus sequence for the control 
region was created from the clones of samples 072, 074, 2105, and 2131 using Geneious ver. 5.4 
(Drummond et al. 2011).  Novel, species-specific primers for the control region of B. 
carolinensis (DL-F and DL-R) were created from the consensus template with Geneious ver. 
5.5.3 primer design (Table 4).  
 
PCR 
Polymerase chain reactions were carried out using 2X GoTaq® Green Reaction Buffer (pH 8.5, 
400μM dATP, 400μM dGTP, 400μM dCTP, 400μM dTTP and 3mM MgCl2), 5 μM of each 
primer, 1.4μl of nuclease free H2O,  and 1μl of template DNA (1:25 dilution of Templiphi™ 
product) in a 6 μL reaction volume.  Thermal cycling was performed in a PTC-100™ 
thermocycler.  PCR cycles for the cyt-B fragment ( ~ 1100 bp) were modified from Brant and 
Ortí (2002) as follows: initial denaturation 96°C for 3 min; followed by 35 cycles of 94°C 
denaturing (30 sec), 50°C annealing (45 sec), 72°C extension (55 sec), with a final extension at 
72°C for 7 min and hold at 4°C.  PCR cycles for the 12S fragment ( ~ 492 bp) were as follows: 
initial denaturation at 96° C for 3 min, followed by 35 cycles of: 94° C denaturing (30 sec), 57° 
C annealing (45 sec), 72° C  extension (45 sec) and a final extension step at 72° C for 7 minutes.  
The control region was amplified using the following cycling parameters:  initial denaturation 
96°C for 3 min; followed by 35 cycles of 94°C denaturing (30 sec), 50°C annealing (30 sec), 
72°C extension (45 sec), and ending with a 7 minute final extension at 72°C.  The EPIC regions 
were amplified using the variants of the following cycling parameters (optimized for annealing 
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temperature after initial assessment of utility): initial denaturation 96°C for 3 min; followed by 
10 cycles of 94°C denaturing (30 sec), 60°C  (- 0.5°C per cycle) annealing (30 sec), 72°C 
extension (1 min), then 25-35 cycles with 94°C denaturing (30 sec), 55°C annealing (30 sec), 
72°C extension (1 min) and ending with a 7 minute final extension at 72°C then cooling to hold 
at 4°C. Topo™ amplification program parameters proceeded as: initial denaturation 96°C for 1 
min followed by 35 cycles of 94°C denaturing (30 sec), 50°C annealing (45 sec), 72°C extension 
(1 min), and a final extension at 72°C for 7min cooling to hold at 4°C.  Repeated PCR of gel 
cuttings followed the same PCR parameters of the original region, but with only 25 cycles. 
 
Sequence Analyses 
Prior to sequencing amplicons were treated with ExoSAP-IT® (USB) and used as templates for 
sequencing reactions with the DYEnamic™ET dye terminator kit (GE Healthcare).  Sequencing 
reactions were analyzed by capillary electrophoresis using the MegaBace™ 1000 sequence 
analyzer and analyzed using Genetic Profiler Software Suite v2.2 (GE Healthcare).  Some 
samples were sequenced by Genomex DNA Sequencing Service 
(http://www.nucleics.com/DNA_sequencing_support/sequencing-service/genomex.html). 
Forward and reverse sequences for the control region were assembled for each individual 
using Geneious v. 5.43 (Drummond et al. 2011)  Multiple sequence alignment was performed 
with Clustal X v.2.1 (Larkin et al. 2007) with IUB gap opening and extension penalties.  The 
initial alignment was checked and adjusted by eye using Geneious v. 5.4 (Drummond et al. 2011) 
with IUB gap parameters.  
  Cladistic trees were generated to capture the ancestor-descendent evolutionary history of 
conspecific populations by mapping the genetic observed among individuals and populations 
(Avise 2004).  The topography of the resulting trees was intended to allow inferences to be made 
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on divergence causality (bottlenecks, geographic isolation, migration, and selection, Avise 
2004).  Neighbor-joining trees were assembled because they permit unequal rates of molecular 
change to be incorporated in branch length through the construction of transformed distance 
matrices during analysis (Avise 2004).   Nei’s standard genetic distance (DS; Nei 1972) was 
calculated (DS = -ln (I)) for each population pair using GenAlEx v.6.4.1, and Geneious v.5.4 
(Drummond et al. 2011).   
 To evaluate genetic distance relationships among the populations, a neighbor-joining 
(Saitou and Nei 1987) tree based on DS values was constructed.  An unrooted neighbor-joining 
tree was created with Geneious v.5.4 (Drummond et al. 2011) using the mtDNA-specific Tamura 
and Nei (1993) nucleotide substitution model.  Node support was assessed with 10,000 Bootstrap 
replicas and randomized starting trees.  Branch support limits were set to a minimum of 60%. 
 
Principle Coordinate Analysis 
To identify patterns among populations in their morphological and/or genetic variance, Principal 
Coordinate Analysis (PCA) was performed.  For skull morphometric data, these analyses were 
performed in PAST v.2.1.2. (Hammer et al. 2001). For haploid genetic data, these analyses were 
performed in GenAlEx v.6.4.1.  The resulting coordinate data were plotted and compared across 
the two types of characters to identify whether peninsular and mainland populations exhibited 
patterns of variation that reflected their specific unique distributions. 
 
Population Genetic Analysis 
To evaluate genetic structuring and gene flow, Analysis of Molecular Variance (AMOVA) 
(following Excoffier et al. 1992 and Peakall et al. 1995) was performed with GenAlEx v.6.4.1 
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configured for haploid data.  A pairwise (N x N) distance matrix was calculated from haploid 
sequence data where, similar to binary data calculations, alleles with the same state are 
calculated as a distance of 0, and differing states as 1.  Determination of genetic distance for 
haploid sequence data in GenAlEx 6.41 treated each nucleotide position as a separate locus. 
Missing data were treated as a 5th character state.  Nucleotide diversity, haplotype diversity, 
allelic frequency, and private alleles were all estimated using GenAlEx v.6.4.1.  The test statistic, 
ФPT, analogous to Wright’s F-statistic, was used to test of the null hypothesis that there is no 
differentiation between the population and its’ component demes.  The test assumes that there is 
random mating, no inbreeding, and no natural selection occurring. This statistic uses the genetic 
variance within (Vwp) and among (Vap) the defined populations of Blarina carolinensis to 
calculate ФPT where; ФPT = Vap / (Vap  + Vwp).  A ФPT value near 1 indicates that variance is 
among the populations due to lack of gene flow between populations pairs.  A value approaching 
zero indicates that there are high rates of migration among all populations resulting in a similar 
genetic structure for all populations, or that these populations are comprised of the same 
haplotypes.  Migration rate (Nem calculated as Nem = [(1/ФPT)-1]/2) was indirectly estimated 
using ФPT , the haploid analog of FST. 
Haplotypes were determined from haploid sequence data using both GenAlEx 6.41, and 
TCS 1.21.  A haplotype network was produced with TCS v.1.21 using aligned sequence data, 
and color coded according to the corresponding population.  Statistical parsimony analysis, as 
implemented in TCS v.1.2.1, uses the resulting cladogram to define a nested statistical design 
used to identify significant quantitative deviations for the sample mean (Clement et al. 2000; 
Templeton et al. 1992).   
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A Mantel test (Smouse et al. 1986) was performed using a ФPT matrix coupled with a 
matrix of geographic distances among collection sites using GenAlEx v.6.4.1 to evaluate the 
demographic model of isolation by distance (IBD).  The analysis was used to determine whether 
there was a significant link between geographic and genetic distances (DS values).  Pair-wise 
Mantel testing determined whether genetic structuring is a result of gene flow between 
populations. 
 
Results 
Discarded Bottles 
I found 375 skulls (326 B. carolinensis, 31 B. brevicauda, 10 Sorex Longirostrus, 1 Peromyscus 
sp. 10 Microtus sp.) in discarded bottle and cans distributed over 36 sites (Table 1-3).  One 950 
mL bottle was found in Northumberland County contained the remains of 18 shrews (17 B. 
carolinensis, 1 Sorex longirostris).  Larger numbers of shrews were typically associated with 
larger volume bottles, however 475 mL bottles were found with as many as 14 shrew carcasses.  
I also found that 350 mL aluminum cans also can act as traps as evidenced by the occurrence of 
4 B. carolinensis skulls in one 350 mL beer can and 1 in a 350 mL soft drink can.  Both cans 
contained liquid and were oriented in a vertical position. 
 
Multivariate Analysis 
Sample size for Gwynn Island (n = 2) prohibits morphometric analysis.  All cranial 
measurements exhibited normal distributions of size variance (Figure 4).  Principal component 
analysis eliminated the maxillary breadth and zygomatic plate breadth as informative characters. 
Principal Coordinate Analyses found no clear correlation among populations and either skull 
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morphology (Figure 5A) or genetic variation (Figure 5B).  Morphometric PCA axes 1 and 2 
accounted for 76.93 percent of the variance, axes 1 and 3 accounted for 18% of the variance, and 
axes 2 and 3 only 5%.  A number of Northern Neck Peninsula specimens showed distinct 
clustering based on morphology removed from all other populations. MANOVA indicated 
significant size variation (Table 5).  The southeastern Coastal Plain population had significantly 
reduced Greatest Length, Occipital-premaxillary Length, and Palate length in comparison to all 
populations (Table 5).  The Northern Neck Peninsula and North Carolina populations exhibit the 
largest cranial measurements while the south-central Virginia population is intermediate, and the 
southeastern Coastal Plain population exhibits a significant reduction in cranial size compared to 
all populations. 
Occipital premaxillary length for Northern Neck Peninsula was significantly larger than 
SECP (p = .002), significantly smaller than NC (p = 0.036), and not significantly different from 
SCVA (p = 0.293).  Greatest Length of the skull for Northern Neck Peninsula was significantly 
larger than SECP (p = .003), significantly smaller than NC (p = 0.002), and not significantly 
different from SCVA (p = 0.701). Post-palate length for Northern Neck Peninsula was 
significantly larger than SECP (p = 0.002) and SCVA (p = 0.014), and significantly smaller than 
NC (p = 0.002) or SCVA (p = 0.904).  Palate length for Northern Neck Peninsula was 
significantly larger than SECP (p = 0.001), and not significantly different from NC (p = 0.708) or 
SCVA (p = 0.904).   
North Carolina was significantly larger than all populations for Greatest length of the 
skull (p < 0.002), Occipital-premaxillary length (p =< 0.036), Post palate length (p =< 0.002), 
and only significantly larger for palate length in comparison to SECP (p = 0.005).  Occipital 
premaxillary length for south-central VA was significantly larger than SECP (p = 0.021), 
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significantly smaller than NC (p = 0.001), and not significantly different from NNP (p = 
0.293).Greatest Length of the skull for south-central VA was significantly larger than SECP (p = 
0.004), significantly smaller than NC (p = 0.000), and not significantly different from NNP (p = 
0.701).  Post-palate length for south-central VA was significantly smaller than NNP (p = 0.014) 
and NC (p = 0.000), and not significant for SECP (p = 0.368).  Palate length for south-central 
VA was significantly larger than SECP (p = 0.001), and not significantly different from NC (p = 
0.777) or NNP (p = 0.904) (Table 5).  Genetic PCA axes 1 and 2 accounted for 45% of the 
variance, axes 1 and 3 accounted for 20% of the variance, and axes 2 and 3 accounted for 15% 
(Figure 5B). 
 
PCR results from skulls in bottles 
Of the four EPIC loci examined, only the NFGR and Actin primers produced amplicons, and 
these were characterized by multiple banding patterns (Figure 3B).  Furthermore, in the case of 
Actin, repeated PCRs from the same samples were not consistent and produced differing banding 
patterns.  Conversely, most samples whether bottle or skin produced two consistently amplifiable 
bands, one at 750 bp and one at 1200 bp (Figure 3A).  The smaller band was sequenced to yield 
data translated into haplotypes. 
 
Sequencing 
DNA degradation and preservation methods prohibited reliable amplification of the target 
regions for all samples.  Sequencing efficacy for the mtDNA control region reflected the method 
in which specimens were preserved.  Museum skins were the most reliable (72% provided usable 
sequence), followed by skulls (35.9%), and frozen ethanol (16%).  Ultimately, multiple sequence 
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alignment of the mtDNA control region was obtained for 139 B. carolinensis (NNP 49, SCCP 
16, SCVA 38, NC 36). 
 
Population Cladogram 
Analyses of the data resulted in similar branching patterns among the consensus distance trees 
created with Geneious v. 5.4 (Drummond et al. 2011) (Figure 6), and the haplotype network 
(Figure 6) estimated by statistical parsimony analysis in TCS v.1.2.1 (Clement et al. 2000).  The 
basal group from the Geneious tree was represented by individuals 136 (SCVA) and 188 (NC) 
(Figure 5).  Branch topography has individual 265 (NC) (bootstrap value = 93.4%) diverging 
followed by 155 (SCVA), 228 (NC), 266 (NC) (92%) individual 001 (NNP) branches from this 
point (75%) and all other individuals diverge from that node with weak bootstrap support (62.4). 
 
Population Genetics  
Analysis of a 492 bp fragment of the mtDNA control region from B. carolinensis indentified 28 
unique haplotypes using GenAlEx v.6.4.1, and 27 through TCS v.1.2.1.  Two of the haplotypes 
(16 and 19) identified as unique by GenAlEx were due to differential gap placement around a 
single nucleotide polymorphic site during alignment which was corrected in further analyses.  
Allelic diversity remained relatively consistent across populations with the only variation being a 
slightly greater abundance of haplotypes observed within the southeastern Coastal Plain 
population (Figure 7).  The ФPT values, ranging from 0.00 to 0.40, indicated there is low genetic 
differentiation among populations at this marker (Table 6).  Migration rate, Nem, indicated 
panmixis among all populations.  The lowest estimated number of migrants per generation was 
10 and the highest was over 794 (Table 6).  The haplotype network showed no partitioning of 
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haplotypes according to population (Figure 7).  The most genetically diverse haplotypes with the 
longest branch length and greatest node separations were primarily found in the NC population 
(individuals 174, 188, 228, 261, 265, 266) and the south-central Virginia population (individuals 
136, 155, 169), also shared by 3 other individuals: 263 (NC), 335 & 337 (SECP).  Mantel testing 
found no correlation between geographic distance and genetic distance and spatial 
autocorrelation showed no relationship within populations for genetic and linear distance 
between specimens (Figure 9).  
 
 
Discussion 
Sampling Discarded Bottles: Uses and limitations 
Pitfall trapping, while effective at capturing shrews, results in extremely low sample numbers.  
Collecting the similar numbers of samples, to those found in bottles in this study by other 
trapping methodologies would take many years and be prohibitively labor intensive.  The 
numbers of shrews that I found per bottle was similar to that observed by Pagels and French 
(1987) who found a 300 mL bottle containing the remains of 17 short-tailed shrews (B. 
carolinensis).  This study supports Brannon et al. (2010), that collecting discarded bottles is a 
fast and effective method of sampling shrews.  Museum special traps tend to under-represent 
shrews, whereas pitfall traps, though very effective for sampling shrews, require installation, 
frequent visits to the trap site, and there is often capture and mortality of non-target species 
(Gerard and Feldhamer 1990; Kirkland and Shepard 1994; Brannon et al. 2010).  However, I 
found two significant limitations; one relatively minor, topography of the sampling area, and the 
other major, viability of the specimens for genetic studies.  
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The report by Pagels and French (1987) study ignited work on the utility of bottle 
mortalities for distributional data and their use in conservation problems of small mammals in 
general, particularly shrews (Pagels and French 1987; Gerard and Feldhamer 1990; Taulman et 
al. 1992; Debernardi et al. 1997; Benedict and Billeter 2004; Brannon et al. 2010), however, 
prior to the current work, none had attempted to use specimens found in discarded bottles as a 
source of genetic material for population studies.  Although shrews of the genus Blarina 
apparently often explore discarded roadside bottles, factors including topography, human 
development, and litter control efforts can limit its use for distributional studies in local 
situations.  For example, at Gwynn Island, high human population, land clearing, flat 
topography, and clean roadsides all greatly reduced the occurrence of discarded bottles and 
therefore specimens. 
Topography of the sampling region directly affects the capture potential of discarded 
bottles where they occur.  Discarded bottles must be oriented at an angle of approximately 15 
degrees to serve as an effective trap (Gerard and Feldhamer 1990).  To serve as an effective trap 
for shrews, an inclined or declined embankment, or abundant vegetation and deep leaf litter is 
usually necessary.  Several sites in flat areas that nevertheless contained large numbers of 
discarded bottles and cans yielded Blarina samples when the surrounding topography was not 
conducive to bottles landing in a “kill” position.  Most discarded bottles which served as an 
effective trap contained water, although it was not possible to determine if empty and broken 
bottles containing remains held water at the time of capture.  The jumping ability of Blarina 
(observed to be 25 – 30 cm, unpublished data) may preclude effective trapping when bottles do 
not have water present to prevent purchase on the bottom or sides of the bottle.  Bottles in which 
the neck narrows between the opening and the main body also appear to preclude escape by 
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jumping since the narrow neck creates a steep incline, and the wet animal is unable to “plant” 
itself (Benedict and Billeter 2004).  The length of time a bottle must remain in the environment 
before serving as a successful trap for vertebrates is unknown, and may be correlated with the 
presence of liquid, invertebrate remains, and position within the litter level (Gerard and 
Feldhamer 1990; Taulman et al. 1992; Benedict and Billeter 2004).  Baited bottles used as traps 
were found to be ineffective for short-term field studies by Taulman et al. (1992), although a 
practice implemented in that study was to remove accumulated rain water which may have 
adversely affected trap performance.  High numbers of specimens were typically found in 
partially to almost completely buried bottles with the opening almost flush with the litter level. 
 
PCR results from skulls in bottles 
The observation of multiple banding for numerous loci was expected due to the amplification of 
the target intron in addition to possible psuedo-genes, however the resultant shift in patterns with 
repeated PCR trials on the same sample invalidated use of this locus.  It was therefore assumed 
that intact samples of nuclear DNA were too few, or too highly degraded to amplify reliably. 
 
DNA from bones 
Despite bone decontamination and use of species specific primers, both genes examined 
exhibited multiple banding patterns.  Amplification of multiple fragments observed in the shrew 
specimens from bottles as well as DNA isolated from museum skins could have arisen due to a 
number of factors including the possibility that primers may have annealed to repeats within the 
control region, DNA artifacts produced by the Templiphi™ process, lack of specificity for the 
control region of B. carolinensis, amplification of foreign DNA elements, and DNA degradation.    
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Bacterial load within liquid containing bottles is assumed to be high from bacterial putrification 
of the soft tissue of animals in the bottle trap.  In addition, because bone is a porous matrix, 
foreign DNA elements present in the decomposers (e.g. nematodes, fungi, protozoans, and the 
liquid bacterial soup of the sample bottle) are a possible source of contamination.  Gilbert et al. 
(2005) found that both sample porosity and levels of microbial attack were directly correlated 
with DNA contamination levels in bone and teeth. 
Furthermore, DNA from ancient sources typically has low copy numbers, particularly of 
genomic DNA (3-4 orders of magnitude less abundant than mtDNA), and is highly degraded 
(Kemp and Smith 2005; Binladen et al. 2006; Tetsushi et al. 2010).  The state of DNA 
preservation and levels of PCR inhibitors often vary according to the condition of the sample 
(Tetsushi et al. 2010; Gilbert et al. 2005; Binladen et al. 2006).  Nuclear DNA is more strictly 
limited by amplification length than mtDNA, namely because the circular structure of mtDNA 
protects it somewhat from chemical and physical shearing, and also can be correlated to template 
quantity (Binladen et al. 2006).  Particularly for DNA with high levels of co-eluting inhibitors 
such as histones, miscoding lesions that are predominately present in C-T and G-A transitions, 
and PCR enzyme misincorporation further complicate issues of possible sequence heterogeneity 
(Binladen et al. 2006; Gilbert et al. 2007).   
Highly degraded genomic DNA is the most likely of these factors precluding EPIC 
amplification for my samples, and is presumed to be a factor in the shifting band patterns I found 
when the Actin region was amplified.  Extraction from the rostral region of the skull may have 
resulted in unintentional co-extraction of foreign DNA due to difficulty in cleaning the sinus 
region of foreign objects such as hair.  Grinding bone tissue into powder also increases the 
chance of air-borne contamination (Tetsushi et al. 2010). Surface sterilization by immersion in a 
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bleach solution or acid bath did not alter amplification results in this study.  The most effective 
surface decontamination method was immersion in a 3% w/v solution of sodium hypochoride for 
6 minutes, followed by rinsing with sterilized filter deionized water for surface decontamination 
of shrew skulls. DNA extraction using the non-powder technique outlined by Tetsushi et al. 
(2010) has been shown to result in higher yields of genomic DNA when compared to phenol-
chloroform extraction and may be preferable for subsequent studies from bottle-caught shrews.  
Ye et al. (2004) found cetyltrimethylammonium bromide (CTAB) and 2-mercaptoethanol lysis 
buffer to be extremely effective for releasing DNA from bone tissue when other cell lysis buffers 
were largely ineffective.  STR genotyping was found to be effective for old, burnt, or soaked 
bone when coupled with this extraction technique and silica-gel membrane purification (Ye et al. 
2004).  Binladen et al. (2006) noted that sequence heterogeneity was significantly higher in Pig 
museum skins <130 years than natural pig populations, indicating that museum conditions may 
not be optimal for the preservation of DNA in skins.  I successfully extracted mtDNA for 17 of 
the 25 B. carolinensis museum skin, but was unable to obtain a sufficient quantity of intact 
genomic DNA for EPIC amplification.  Because the amplicons can be as short as 70-200 bp, 
short tandem repeat analyses show promise for future research since the low base pair length 
involved should allow amplification of highly degraded sample sources. 
 
Morphometric and Genetic variance 
The assumption that the populations of B. carolinensis inhabiting the coastal plain of Virginia 
would exhibit genetic and morphometric variation due to isolation resulting from geographical 
separation and the interplay of ranges of B. carolinensis and B. brevicauda was based on 
distributional data from Tate et al. (1980) and Pagels and French (1987).  Based on prior capture 
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data B. carolinensis appears to occupy the tip of each coastal peninsula with B. brevicauda 
occupying the surrounding area (Tate et al. 1980).  Morphometric variation indicated possible 
isolation or local adaption of the populations.  Cranial morphometric analyses indicate that 
Northern Neck Peninsula and North Carolina populations have the largest skulls, although 
Northern Neck is significantly smaller that specimens from North Carolina (p = .002).  Cranial 
similarities supported high gene flow estimates between these too populations.  The southeastern 
Coastal Plain population was significantly smaller in size for Greatest Length, Palate Length, and 
Occipital-premaxillary length among all populations (Table 5).  Unlike the data based on field 
sampling (and with the possible exception of NNP versus SECP which exhibited a ΦPT = 0.04), 
the genetic data indicate that the distribution of B. carolinensis is continuous throughout the 
Coastal Plain of Virginia and into the southeastern United States.  Migration rates (Table 6) 
indicate a single panmictic population ranging from Northern Neck Peninsula to Virginia Beach 
and on into south-central Virginia and North Carolina.  Haplotypic variance of the NC and south-
central Virginia populations would seem to be a function of increased geographic range.  My 
conclusion is further supported by the even distribution of haplotypes among sample populations 
(Figure 8).  
 
Habitat 
Although these two species demonstrate contiguous allopatry along the borders of their range 
(Tate et al. 1980; George et al. 1986; Pagels and French 1987; Brant and Orti 2002; McCay 
2001; Webster et al. 2011), the distribution of B. brevicauda may be a particularly porous barrier 
to migration of B. carolinensis, or population founders possessed the same haplotypes detected 
in the source population which would result in high estimates of Nem (Table 6).  The distribution 
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of B. brevicauda was thought to be an effective barrier to migration based on patterns of shrew 
assemblages in northeastern North America and along the Applachians, where shrews of similar 
size with dietary overlap >= 50% were not frequently syntopic (Fox and Kirkland 1992; McCay 
et al. 2004).  I assumed that isolated populations of B. carolinensis would vary morphometrically 
and genetically as predicted by centrifugal speciation due to geographic and species barriers as 
exhibited by B. b. cumberlandis.   Blarina b. cumberlandis, located in the Cumberland Plateau 
region of central Tennessee, is enclosed on three sides by the Tennessee River, and bounded 
terrestrially by a population of B. carolinensis on the other (Webster et al. 2011).  McCay et al 
(2004) never captured B. carolinesis and B. brevicauda at the same site and concluded the two 
species were completely allopatric within the study range.  However, what I observed was that 
although these two species demonstrate contiguous allopatry along the borders of their range 
(Tate et al. 1980; George et al. 1986; Pagels and French 1987; Brant and Orti 2002; McCay 
2001; Webster et al. 2011), the distribution of B. brevicauda may be a porous barrier to 
migration in certain coastal areas as inferred from high estimates of Nem (Table 6), although 
cranial morphometric analyses do not support this and seem to indicate local adaption.  It is 
possible that the ranges overlap as I observed two bottles that contained skulls of both B. 
carolinensis and B. brevicauda were found in Chesapeake County.  Likewise, Pagels and French 
(1987) also found one bottle in Westmoreland County containing both species.  Unfortunately, it 
is not possible to determine whether the distributions of the species over-lapped at the time of 
capture.  Population expansion and contraction cycles can result in fluctuating border areas along 
zones of sympatry.  Equivocal data such as these illustrate why the factors responsible for the 
distribution of these species along the borders of their range remain an enigma.  If the Coastal 
Plain populations are panmictic, as my genetic data indicates, then expansion/contraction cycles 
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may serve to create migration corridors.  Conversely, there may be ecological separation as 
proposed by Rose (1992) where B. carolinensis occurred in early successional stage habitats and 
B. brevicauda in older growth forested areas which supports the morphometric variation 
observed between populations. 
 
Future work 
A number of technique specific methods could enhance the utility of bottle caught shrew samples 
for molecular genetic analysis.  Alternative lysis buffers should yield greater quantities of DNA, 
increasing the probability of extracting intact mtDNA and nDNA.  Examination of other regions 
of the mitochondrial genome, located up or downstream of the portion of control region utilized 
in my study, might uncover variable sites.  One of the control region primers may be located in a 
mitochondrial repeat region, resulting in the amplification of the larger (~1200 bp) region for 
many specimens which due to its large size was not analyzed in the present study.  Attempts at 
gel purification and reamplification of the larger amplicon resulted in the same two fragments 
lengths, supporting the conclusion that one of the primers is located in a repeat region.  This is a 
likely scenario for Blarina as a hyper-variable region of 79 bp tandem repeats is known to occur 
in the mitochondrial control region for the genus Sorex (Stewart and Baker, 1994).  
Genomic DNA from the intron regions of genes mutates an order of magnitude faster 
than the control region of mtDNA.  Informative nuclear markers would be useful for elucidating 
fine scale population structure, if it exists, among B. carolinensis populations located along the 
Coastal Plain of Virginia.  To locate such variation, genomic DNA should be screened for 
informative STR regions.  Amplicons of 70-300 bp have been successfully utilized in studies 
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involving ancient degraded DNA (Ye et al. 2004), and should prove invaluable for genetic 
studies using bottle mortalities as specimens. 
Bottle sampling alone was unable to confirm the presence of B. carolinensis at the 
peninsular areas of Old Point Comfort and Hampton that Pagel and French (1987), and Tate et al. 
(1980) had previously noted.  Pitfall trapping used in conjunction with bottle sampling would be 
a feasible approach to support and build on the results of this research.  Lastly, Gwynn Island is a 
prime area for further genetic and morphometric studies of isolated Blarina populations, as the 
only access to the island from the mainland is a long causeway with fairly heavy traffic, and 
therefore, migration along this corridor seems unlikely.  Although the local topography of 
Gwynn Island makes pitfall trapping necessary for sample collection, the small resulting sample 
size would be mitigated by the lack of contamination issues inherent in bottle specimens.  
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Table 1.  Blarina carolinensis skull measurements and bottle locations.  All measures given in mm.  GL: greatest length, P: palate, 
PP: post-palate, MB maxillary breadth, O-P: occipital-premaxillary breadth, ZPB: zygomatic plate breadth.  DD denotes 
where skulls were damaged, preventing accurate measurement. 
 
Skull # GL P PP MB O-P ZPB County and Site Tooth wear Latitude Longitude 
Location NNP           
1 18.1 8.49 8.21 6.9 18.32 2.2 Westmoreland Co.   #1 2 38.063631 -76.772369 
2 18.37 8.51 8.61 7.06 18.67 2.35 Westmoreland Co.   #1 2 38.063631 -76.772369 
3 19.36 8.93 8.76 7.23 19.42 2.2 Westmoreland Co.   #1 3 38.063631 -76.772369 
4 19.1 8.63 8.64 7.07 19.27 2.33 Westmoreland Co.   #1  38.063631 -76.772369 
5 18.65 8.4 8.61 6.51 18.8 2 Westmoreland Co.   #1 2 38.063631 -76.772369 
6 18.88 8.62 8.51 7.11 18.98 2.26 Westmoreland Co.   #1 6 38.063631 -76.772369 
7 19.19 8.7 8.8 7.06 19.36 2.31 Westmoreland Co.   #1  38.063631 -76.772369 
8 19.24 8.86 8.72 7.12 19.35 2.34 Westmoreland Co.   #1  38.063631 -76.772369 
9 18.5 8.04 8.58 6.88 18.64 2.05 Westmoreland Co.   #1 2 38.063631 -76.772369 
10 19.6 9 9.04 7.2 19.71 2.15 Westmoreland Co.   #1 2 / 3 38.063631 -76.772369 
11 18.74 8.41 8.59 6.87 18.97 2.16 Westmoreland Co.   #1 6 38.063631 -76.772369 
12 18.93 8.54 8.78 6.94 19.12 2.1 Westmoreland Co.   #1 3 38.063631 -76.772369 
13 18.67 8.33 8.7 6.89   Westmoreland Co.   #1 7 38.063631 -76.772369 
14 19.71 8.56 8.72 7.05 19.79 2.2 Westmoreland Co.   #1  38.063631 -76.772369 
15 18.98 8.51 8.24 6.98   Westmoreland Co.   #1 5 38.063631 -76.772369 
16 18.5 8.51 8.17 6.49 18.5 2.23 Westmoreland Co.   #1 5 38.063631 -76.772369 
17 19.12 8.46 8.72 6.8   Westmoreland Co.   #1 4 38.063631 -76.772369 
18 19.56 8.69 8.95 6.74 19.56 2.26 Westmoreland Co.   #1 6 38.063631 -76.772369 
19 19.06 8.67 8.36 7.06 19.1 2.21 Westmoreland Co.   #1 3 38.063631 -76.772369 
20 19.1 8.57 8.26 6.83 19.25 2.5 Westmoreland Co.   #1 4 38.063631 -76.772369 
21 19.02 8.64 8.52 6.89 19.11 2.21 Westmoreland Co.   #1 7 38.063631 -76.772369 
22 DD 8.6 8.2 7.1 DD  Westmoreland Co.   #2 5 38.139908 -76.792628 
23 DD 8.44 DD 7.08 DD 2 Westmoreland Co.   #2 5 38.139908 -76.792628 
24 DD 8.27 8.85 7.1 DD 2.5 Westmoreland Co.   #2 6 38.139908 -76.792628 
34 19.12 8.36 8.51 6.77 DD 2.25 Richmond Co.  #1 6 37.924831 -76.72325 
35 19.53 8.81 8.71 7.09 19.56 2.5 Richmond Co.  #1 2 / 3 37.924831 -76.72325 
36 19.21 8.31 8.69 6.73 19.25 2.35 Richmond Co.  #1 4 37.924831 -76.72325 
37 18.45 8.34 7.79 6.59 18.3 2.2 Richmond Co.  #1 5 37.924831 -76.72325 
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38 19.1 8.55 8.88 6.92 19.18 2.26 Richmond Co.  #1 4 37.924831 -76.72325 
39 18.76 8.51 8.3 7.25 18.86 2.29 Richmond Co.  #1 3 37.924831 -76.72325 
40 18.76 8.16 8.95 6.81 18.85 2.34 Richmond Co.  #1 3 37.924831 -76.72325 
41 19.04 8.29 8.7 6.81 19.11 2.25 Richmond Co.  #1 4 37.924831 -76.72325 
42 18.23 8.23 8.23 6.94 18.51 2.09 Richmond Co.  #1 6 37.924831 -76.72325 
43 19.34 8.9 9 7.26 19.64 2.36 Richmond Co.  #1 5 37.924831 -76.72325 
44 19.21 8.46 8.97 7.27 19.5 2.43 Richmond Co.  #2 3 37.86745 -76.6207 
45 19.39 8.72 8.72 7.15 19.49 2.36 Richmond Co.  #2 3 37.86745 -76.6207 
46 18.69 8.92 8.37 6.9 18.98 2.22 Richmond Co.  #2 4 37.86745 -76.6207 
47 19.3 8.82 8.53 7 19.5 2.26 Richmond Co.  #2 6 37.86745 -76.6207 
48 18.8 8.61 8.42 6.87 18.89 2.32 Richmond Co.  #2 3 37.86745 -76.6207 
49 18.61 8.3 8.41 7.14 18.67 2.44 Richmond Co.  #2 6 37.86745 -76.6207 
50 18.54 8.5 8.58 7.01 18.91 2.09 Richmond Co.  #2 6 37.86745 -76.6207 
51 18.89 8.6 8.85 7.1 DD 2.27 Northumberland Co.  #1 3 37.90075 -76.4241 
52 19.43 9 DD 7.45 DD 1.94 Northumberland Co.  #1 3 37.90075 -76.4241 
53 18.31 8.21 8.35 6.66 18.44 1.99 Northumberland Co.  #1 4 37.90075 -76.4241 
54 19.16 8.67 8.59 7.1 19.34 2.05 Northumberland Co.  #1 6 37.90075 -76.4241 
55 19.27 8.61 8.83 7.2 19.56 2.38 Northumberland Co.  #1 5 37.90075 -76.4241 
56 ~19.1 8.61 DD 7.2 DD 2.24 Northumberland Co.  #1 6 37.90075 -76.4241 
57 ~18.7 8.39 DD 6.74 DD 2.14 Northumberland Co.  #1 6 37.90075 -76.4241 
58 ~18.90 8.56 DD 7.15 DD 2.26 Northumberland Co.  #1  37.90075 -76.4241 
59 ~18.27 8.4 8.52 6.94 DD 2.27 Northumberland Co.  #1 3 37.90075 -76.4241 
60 19.09 8.37 8.6 7.16 19.16 2.56 Northumberland Co.  #1 6 37.90075 -76.4241 
61 ~18.9 8 8.42 7.31 DD 2.24 Northumberland Co.  #1 3 37.90075 -76.4241 
62 19.85 8.86 8.74 7.32 19.91 2.41 Northumberland Co.  #1 2 37.90075 -76.4241 
63 18.49 8.06 8.41 6.55 18.61 2 Northumberland Co.  #1 3 37.90075 -76.4241 
64 18.64 8.24 8.25 7.09 18.86 2.46 Northumberland Co.  #1 5 37.90075 -76.4241 
65 18.47 8.35 8.32 6.65 18.8 2.04 Northumberland Co.  #1 4 37.90075 -76.4241 
66 18.66 8.24 8.8 7.2 18.96 2.55 Northumberland Co.  #1 2 37.90075 -76.4241 
67 18.84 8.51 8.72 7.11 19.14 2.24 Northumberland Co.  #1 3 37.90075 -76.4241 
68 18.59 8.43 8.41 7.05 18.79 2.38 Northumberland Co.  #1  37.90075 -76.4241 
69 18.84 8.5 8.41 6.89 19.03 2.11 Northumberland Co.  #1 3 37.90075 -76.4241 
70 19.01 8.5 8.64 6.9 19.09 2.15 Northumberland Co.  #1 4 37.90075 -76.4241 
71 18.9 8.61 8.35 7.26 19 2.17 Northumberland Co.  #1 5 37.90075 -76.4241 
72 19.55 8.82 8.84 7 19.63 2.33 Northumberland Co.  #1 6 37.90075 -76.4241 
73 ~19.25 8.6 DD 6.96 DD 2.44 Northumberland Co.  #1 4 37.90075 -76.4241 
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74 DD 8.88 DD 7.14 DD 2.15 Northumberland Co.  #1 5 37.90075 -76.4241 
75 DD 8.54 DD 7.14 DD 2.16 Northumberland Co.  #1 4 37.90075 -76.4241 
76 DD 8.64 DD 7.05 DD 2.3 Northumberland Co.  #1 3 37.90075 -76.4241 
77 19.8 8.56 9.08 6.99 19.83 2.55 Northumberland Co.  #2 3 37.856581 -76.2806 
78 19.57 9 9.05 7.27 19.94 2.51 Northumberland Co.  #2 4 37.856581 -76.2806 
79 19.2 8.41 8.63 6.98 19.38 2.26 Northumberland Co.  #3 6 37.88895 -76.367881 
80 19.22 8.48 8.8 6.94 19.57 2.32 Northumberland Co.  #3 6 37.88895 -76.367881 
81 19.37 8.5 8.75 7.35 19.43 2.28 Northumberland Co.  #3 3 37.88895 -76.367881 
82 18.8 8.48 8.5 6.92 19.05 2.15 Northumberland Co.  #3 5 37.88895 -76.367881 
83 18.78 8.26 8.42 6.85 18.91 2.23 Northumberland Co.  #3 2 37.88895 -76.367881 
84 19.06 8.19 8.58 6.84 19.17 2.3 Northumberland Co.  #3 6 37.88895 -76.367881 
85 19.07 8.6 8.5 6.94 19.15 2.22 Northumberland Co.  #3 4 37.88895 -76.367881 
86 18.95 8.45 8.49 6.56 19 2.16 Northumberland Co.  #3 3 37.88895 -76.367881 
87 18.57 8.29 8.29 6.65 18.74 2.01 Northumberland Co.  #3 3 37.88895 -76.367881 
88 18.99 8.4 8.4 6.98 19.01 2.27 Northumberland Co.  #3 2 37.88895 -76.367881 
89 18.79 8.27 8.46 7 18.9 1.99 Northumberland Co.  #3 2 37.88895 -76.367881 
90 19.31 8.76 8.69 6.85 19.43 1.95 Northumberland Co.  #3 2 37.88895 -76.367881 
91 18.84 8.21 8.56 6.9 18.92 2.05 Northumberland Co.  #3 2 37.88895 -76.367881 
92 19.08 8.48 8.64 6.85 19.16 2.28 Northumberland Co.  #3 4 37.88895 -76.367881 
93 19.2 8.5 8.61 6.65 19.3 2.17 Northumberland Co.  #3 4 37.88895 -76.367881 
           
Location GI           
123 19.35 8.73 8.5 7.2 19.36 2.38 Gwynn Island #1 6 37.504831 -76.28965 
124 19.47 8.93 8.53 7.15 19.49 2.29 Gwynn Island #2 5 37.49835 -76.297689 
           
Location SCVA           
94 18.6 8.19 8.36 7.12 18.78 2.06 Sussex Co.  #1 6 36.941111 -77.379581 
95 DD 8.42 DD DD DD 2.48 Sussex Co.  #2 4 36.92325 -77.330119 
96 DD 7.94 DD DD DD 2.25 Sussex Co.  #2 5 36.92325 -77.330119 
97 DD 7.96 DD 6.71 DD 2.29 Sussex Co.  #2 6 36.92325 -77.330119 
98 19 8.56 8.72 7.11 19.14 2.04 Sussex Co.  #3 3 36.945839 -76.427039 
99 19.21 8.72 8.76 7.07 19.26 2.38 Sussex Co.  #3 3 36.945839 -76.427039 
100 18.71 8 8.11 6.8 18.8 2.31 Sussex Co.  #3 7 36.945839 -76.427039 
101 19.55 8.67 8.79 7.34 19.61 2.1 Sussex Co.  #3 4 36.945839 -76.427039 
102 18.9 8.44 9.15 7.01 19.25 2.24 Sussex Co.  #3 4 36.945839 -76.427039 
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103 19.32 8.5 8.71 6.97 19.54 2.25 Sussex Co.  #3 5 36.945839 -76.427039 
104 18.64 8.41 8.47 7.06 19.1 2.04 Sussex Co.  #3 3 36.945839 -76.427039 
105 19 8.74 8.76 7.16 19.4 2.37 Sussex Co.  #3 2 36.945839 -76.427039 
106 19.1 8.76 8.42 6.99 19.29 2.19 Sussex Co.  #3 3 36.945839 -76.427039 
107 19.56 8.95 8.88 6.97 19.6 2.36 Sussex Co.  #3 3 36.945839 -76.427039 
108 18.99 8.51 8.46 6.97 19.29 2.27 Sussex Co.  #3 3 36.945839 -76.427039 
109 18.35 8.71 8.46 6.99 18.71 1.84 Sussex Co.  #3 4 36.945839 -76.427039 
110 DD 8.6 DD 7 DD 2.3 Sussex Co.  #3 4 36.945839 -76.427039 
111 DD 8.5 DD 7.16 DD 2.31 Sussex Co.  #3 6 36.945839 -76.427039 
112 DD 8.25 DD 6.7 DD 2.6 Sussex Co.  #3 7 36.945839 -76.427039 
113 18.27 7.95 7.71 6.77 18.31 2.39 Sussex Co.  #3 7 36.945839 -76.427039 
114 DD 8.49 DD 7.1 DD 2.28 Sussex Co.  #3 4 36.945839 -76.427039 
115 DD 8.23 DD 7.04 DD 2.45 Sussex Co.  #3 3 36.945839 -76.427039 
116 DD 8.47 DD 7 DD 2.21 Sussex Co.  #3 3 36.945839 -76.427039 
117 DD 8.15 DD 6.69 DD 2.13 Sussex Co.  #3 3 36.945839 -76.427039 
118 DD 8.54 DD 7.05 DD 2.21 Sussex Co.  #3 5 36.945839 -76.427039 
119 DD 8.23 DD 7.03 DD 2.45 Sussex Co.  #3 5 36.945839 -76.427039 
120 DD 8.4 DD 7.14 DD 2.15 Sussex Co.  #3 4 36.945839 -76.427039 
121 DD 8.37 DD 6.83 DD 2.39 Sussex Co.  #3 3 36.945839 -76.427039 
122 DD 7.99 DD 6.9 DD 2.23 Sussex Co.  #3 3 36.945839 -76.427039 
134 18.85 8.39 8.24 6.68 18.87 2.15 Dinwiddie Co. #1  6 37.148653 -77.564144 
135 18.83 8.42 8.31 6.96 18.94 2.01 Dinwiddie Co. #1 2 37.148653 -77.564144 
136 18.6 8.53 8.35 6.91 18.74 2.22 Dinwiddie Co. #1  6 37.148653 -77.564144 
137 18.28 7.94 8.11 6.55 18.35 2.2 Dinwiddie Co. #1   2 37.148653 -77.564144 
138 18.62 8 8.39 6.64 18.71 2.04 Dinwiddie Co. #1   5 37.148653 -77.564144 
139 18.32 7.95 8.5 6.97 18.43 2.01 Dinwiddie Co. #1  2 37.148653 -77.564144 
140 18.64 8.57 8.31 7.04 18.59 2.08 Dinwiddie Co. #1  5 37.148653 -77.564144 
141 18.89 8.51 8.7 7.23 18.95 2.36 Dinwiddie Co. #1   4 37.148653 -77.564144 
142 18.88 8.21 8.14 6.82 19.06 2.24 Dinwiddie Co. #1  7 37.148653 -77.564144 
155 18.63 8.24 8.45 6.8 18.79 2.22 Dinwiddie Co. #2 6 37.148681 -77.56335 
156 17.59 7.72 8.37 6.79 17.96 2.19 Dinwiddie Co. #2  3 37.148681 -77.56335 
157 17.73 7.94 8.21 6.76 17.96 2.04 Dinwiddie Co. #2  4 37.148681 -77.56335 
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158 19.23 8.45 8.58 7.04 19.34 2.33 Dinwiddie Co. #2   5 37.148681 -77.56335 
160 18.5 8.11 8.02 6.76 18.59 2.16 Dinwiddie Co. #2  3 37.148681 -77.56335 
161 18.3 8.01 8.07 6.83 18.31 2.07 Dinwiddie Co. #2   6 37.148681 -77.56335 
162 18.2 8.25 7.71 6.89 18.2 2.07 Dinwiddie Co. #2 6 37.148681 -77.56335 
164 18.75 8.61 8.56 7 19.36 2.25 Dinwiddie Co. #2  4 37.148681 -77.56335 
165 18.45 8.05 8.21 6.89 18.43 1.94 Dinwiddie Co. #2  7 37.148681 -77.56335 
166 18.39 8.16 8 6.54 18.3 1.91 Dinwiddie Co. #2  4 37.148681 -77.56335 
167 18.32 8.4 8.19 6.74 18.57 2.11 Dinwiddie Co. #2  3 37.148681 -77.56335 
168 18.5 8.24 8.29 7.15 18.61 2.23 Dinwiddie Co. #2   4 37.148681 -77.56335 
169 18.68 8.3 8.29 6.84 18.76 2.31 Dinwiddie Co. #3 4 37.140619 -77.644011 
170 18.69 8.43 8.33 6.81 18.75 2.16 Dinwiddie Co. #3 3 37.140619 -77.644011 
230 19.46 8.7 8.77 7.21 19.47 2.23 Sussex Co. #4 2 36.943219 -77.395411 
231 18.76 8.59 8.63 6.64 19.04 2.25 Sussex Co. #4   36.943219 -77.395411 
232 19.19 8.49 8.74 6.91 19.36 2.15 Sussex Co. #4   2 36.943219 -77.395411 
233 19.35 8.76 8.42 6.95 19.39 2.47 Sussex Co. #4   5 36.943219 -77.395411 
234 18.65 8.24 8.55 6.94 18.67 1.92 Sussex Co. #4   5 36.943219 -77.395411 
235 19.03 8.61 8.85 6.92 19.25 2.34 Sussex Co. #4     36.943219 -77.395411 
236 17.75 7.99 8.27 6.71 18.26 1.85 Sussex Co. #4   4 36.943219 -77.395411 
237 18.81 8.42 8.61 6.9 19.13 1.88 Sussex Co. #4   2 36.943219 -77.395411 
238 19.09 8.5 8.65 6.93 19.15 2.24 Sussex Co. #4   4 36.943219 -77.395411 
239 19.36 8.55 8.93 7.09 19.5 2.33 Sussex Co. #4    3 36.943219 -77.395411 
240 18.75 8.3 8.09 6.62 18.64 2.14 Sussex Co. #4    6 36.943219 -77.395411 
241 19.03 8.56 8.4 6.9 18.84 2.21 Sussex Co. #4   3 36.943219 -77.395411 
242 18.59 8.41 8.08 6.8 18.8 2.11 Sussex Co. #4   3 36.943219 -77.395411 
243 18.58 8.3 8.13 7.14 18.52 1.99 Sussex Co. #4    1 36.943219 -77.395411 
244 18.87 8.63 8.4 7.11 18.96 1.93 Sussex Co. #4   3 36.943219 -77.395411 
245 19.2 8.44 8.65 6.59 19.34 2.12 Sussex Co. #4   6 36.943219 -77.395411 
246 19.41 8.54 8.85 7.17 19.45 2.32 Sussex Co. #4   5 36.943219 -77.395411 
247 DD 8.65 7.97 6.98 DD 2.22 Sussex Co. #4   3 36.943219 -77.395411 
248 DD 8.07 DD 6.7 DD 1.95 Sussex Co. #4   4 36.943219 -77.395411 
249 18.52 8.29 8.41 6.84 18.79 1.98 Sussex Co. #4   3 36.943219 -77.395411 
251 18.91 8.43 8.7 7.07 19.02 2.34 Sussex Co. #4   3 36.943219 -77.395411 
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252 18.77 8.4 8.5 6.94 18.88 2.14 Sussex Co. #4   2 36.943219 -77.395411 
253 19.07 8.46 8.67 6.83 19.2 2.16 Sussex Co. #4   4 36.943219 -77.395411 
254 18.44 8.2 8.75 6.95 18.69 2.11 Sussex Co. #4   7 36.943219 -77.395411 
255 19.05 8.51 8.39 6.76 19.1 1.85 Sussex Co. #4    36.943219 -77.395411 
256 19.3 8.62 8.65 7 19.51 2.2 Sussex Co. #4   3 36.943219 -77.395411 
           
Location NC           
171 18.2 8.37 8.29 6.84 18.7 2.1 Granville Co #5 5 38.313936 -78.540369 
172 18.85 8.3 8.26 6.55 18.37 2.21 Granville Co #5 5 38.313936 -78.540369 
173 18.9 8.38 8.26 6.62 18.94 1.99 Granville Co #5 5 38.313936 -78.540369 
174 18.09 8.29 8.04 6.49 18.15 2.17 Granville Co #5 5 38.313936 -78.540369 
175 18.79 8.47 8.8 6.91 19.03 2.16 Granville Co #5 4 38.313936 -78.540369 
176 18.84 8.65 8.15 7.09 18.88 2.29 Granville Co #5 5 38.313936 -78.540369 
177 18.4 8.33 8.04 6.75 18.48 2.28 Granville Co #5 5 38.313936 -78.540369 
178 18.95 8.44 8.36 6.79 19 2.41 Granville Co #5 4 38.313936 -78.540369 
179 18.69 8.33 8.15 6.95 18.74 1.99 Granville Co #6 4 36.400531 -76.938003 
180 19.46 8.75 8.43 7.14 19.42 2.25 Granville Co. #7 4 36.345106 -78.473739 
181 18.47 8.1 8.32 6.6 18.66 2.14 Granville Co. #8 3 36.331808 -78.471183 
182 18.39 8.27 8.59 6.75 18.76 2.11 Granville Co. #8 2 36.331808 -78.471183 
183 18.99 8.55 8.05 6.8 19.1 2.19 Granville Co. #9 6 36.360011 -78.480761 
184 18.66 8.4 8.05 7.09 18.77 2.07 Granville Co. #9 2 36.360011 -78.480761 
185 18.35 8.41 8.31 6.76 18.61 2.28 Granville Co. #9 3 36.360011 -78.480761 
186 19.24 8.11 8.5 6.87 19.1 2.4 Granville Co. #9 6 36.360011 -78.480761 
187 19.25 8.82 8.67 6.95 19.42 2.36 Granville Co. #9 3 36.360011 -78.480761 
188 19.3 8.49 8.6 7.36 19.09 2.42 Granville Co. #4 3 36.315864 -78.513158 
189 19.4 8.89 8.75 7.14 19.34 2.33 Granville Co. #4 6 36.315864 -78.513158 
190 19.16 8.33 9.21 6.91 19.1 2.13 Granville Co. #4 4 36.315864 -78.513158 
191 18.82 8.41 8.99 6.75 19.44 2.36 Granville Co. #4 4 36.315864 -78.513158 
192 18.9 8.41 8.21 6.78 19 2.16 Granville Co. #4 5 36.315864 -78.513158 
193 19.26 8.48 8.6 6.89 19.32 2.33 Granville Co. #4 5 36.315864 -78.513158 
194 19.11 8.46 8.5 6.78 19 2.29 Granville Co. #4 4 36.315864 -78.513158 
195 19.35 8.59 8.56 7.05 19.24 2.37 Granville Co. #4 4 36.315864 -78.513158 
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196 19.45 8.66 8.28 7.06 19.55 2.38 Granville Co. #4 4 36.315864 -78.513158 
197 18.54 8.53 8.5 6.98 19.01 2.11 Granville Co. #4  36.315864 -78.513158 
198 19.1 8.77 8.3 7.02 19.23 2.21 Granville Co. #4 3 36.315864 -78.513158 
199 19.1 8.42 8.63 7.01 19.21 2.44 Granville Co. #4 4 36.315864 -78.513158 
200 19.1 8.66 8.39 7.02 19.29 1.65 Granville Co. #4 5 36.315864 -78.513158 
201 19.08 8.7 8.56 6.91 19.28 2.23 Granville Co. #4 5 36.315864 -78.513158 
202 19.25 8.57 8.6 6.74 19.4 2.15 Granville Co. #4 3 36.315864 -78.513158 
203 19.35 8.64 8.36 6.85 19.25 1.99 Granville Co. #4 3 36.315864 -78.513158 
204 18.84 8.57 8.32 6.8 18.91 2 Granville Co. #4 3 36.315864 -78.513158 
205 19.67 8.9 8.81 7.05 19.83 2.12 Granville Co. #4 4 36.315864 -78.513158 
206 18.67 8.2 8.45 6.77 18.78 1.99 Granville Co. #4 4 36.315864 -78.513158 
207 18.4 8.19 8 6.94 18.87 2.33 Granville Co. #4 5 36.315864 -78.513158 
208 18.92 8.44 8.4 6.71 18.84 1.79 Granville Co. #4 3 36.315864 -78.513158 
209 DD 8.56 DD 6.9 DD 2.46 Granville Co. #4 6 36.315864 -78.513158 
210 DD 8.83 DD 7.18 DD 2.18 Granville Co. #4 6 36.315864 -78.513158 
211 19.35 8.57 8.77 6.96 19.4 2.3 Granville Co.  #3 4 36.430631 -77.589531 
212 18.5 8.11 8.96 6.91 18.74 2.11 Granville Co.  #3 4 36.430631 -77.589531 
213 19.35 8.61 9.08 7.11 19.57 2.17 Granville Co.  #3 3 36.430631 -77.589531 
214 18.61 8.39 8.57 7.15 18.82 2 Granville Co.  #3 6 36.430631 -77.589531 
216 18.58 8.51 8.27 7.05 18.77 2.21 Granville Co.  #3 3 36.430631 -77.589531 
217 18.81 8.53 8.51 6.75 19.08 2.46 Granville Co.  #2 3 36.401489 -78.318922 
218 18.8 8.3 8.54 6.9 19.04 2.43 Granville Co.  #2 2 36.401489 -78.318922 
219 18.84 8.41 8.27 7.06 19.07 2.09 Granville Co.  #2 3 36.401489 -78.318922 
220 19.44 8.45 8.75 7.24 19.6 2.48 Granville Co.  #2 6 36.401489 -78.318922 
221 18.32 8.15 8.1 6.96 18.6 2.13 Granville Co.  #2  36.401489 -78.318922 
222 18.4 8.37 8.25 6.66 18.42 2.01 Granville Co.  #2 2 36.401489 -78.318922 
224 18.48 8.05 8.29 6.91 18.48 1.96 Granville Co.  #1 3 36.423972 -77.589919 
225 19.4 8.73 8.85 7.1 19.54 2.37 Granville Co.  #1 3 36.423972 -77.589919 
226 18.6 8.35 8.39 6.95 18.79 2.26 Granville Co.  #1 3 36.423972 -77.589919 
227 18.3 8.14 7.91 6.89 18.3 2 Granville Co.  #1 4 36.423972 -77.589919 
228 18.87 8.56 8.65 6.96 19.19 2.3 Granville Co.  #1  36.423972 -77.589919 
229 DD 8.58 DD 6.84 DD 2.23 Granville Co.  #1 2 36.423972 -77.589919 
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257 19.39 8.69 8.7 7.16 19.45 2.25 Wilson Co., NC 4 35.767178 -77.861783 
258 18.99 8.4 8.84 7.16 19.07 2.04 Wilson Co., NC 3 35.767178 -77.861783 
259 18.38 8.54 8.3 6.97 18.75 2.16 Wilson Co., NC 4 35.767178 -77.861783 
260 19.35 8.61 8.5 7.05 19.44 1.74 Wilson Co., NC 3 35.767178 -77.861783 
261 19.05 8.66 8.59 7.01 19.15 2.53 Wilson Co., NC 4 35.767178 -77.861783 
262 19.3 8.84 8.69 7.19 19.66 2.27 Wilson Co., NC 3 35.767178 -77.861783 
263 19.06 8.79 8.33 6.85 19.2 2.1 Wilson Co., NC 3 35.767178 -77.861783 
264 18.92 8.57 8.61 7.08 19.14 2.07 Wilson Co., NC 4 35.767178 -77.861783 
265 19.26 8.67 8.79 7.19 19.43 2.07 Wilson Co., NC 5 35.767178 -77.861783 
266 18.59 8.5 8.54 6.62 18.8 2.21 Wilson Co., NC 4 35.767178 -77.861783 
267 19.78 8.91 8.9 6.98 19.8 2.24 Wilson Co., NC 4 35.767178 -77.861783 
268 19.61 8.51 8.7 7.15 19.64 2.06 Wilson Co., NC 3 35.767178 -77.861783 
269 18.92 8.56 8.35 7.04 18.8 2.47 Wilson Co., NC 3 35.767178 -77.861783 
270 19.05 8.66 8.44 6.89 19.27 2.18 Wilson Co., NC 4 35.767178 -77.861783 
271 18.57 8.27 8.19 7.05 18.6 1.99 Wilson Co., NC 3 35.767178 -77.861783 
272 19.55 8.56 8.76 6.92 19.67 2.1 Wilson Co., NC 4 35.767178 -77.861783 
273 19.2 8.72 8.25 6.7 19.09 1.98 Wilson Co., NC 4 35.767178 -77.861783 
274 19.04 8.64 8.44 7.01 19.12 2.14 Wilson Co., NC 3 35.767178 -77.861783 
275 19.48 8.82 8.54 7.05 19.37 2.18 Wilson Co., NC 3 35.767178 -77.861783 
276 18.86 8.44 8.37 6.9 19.1 1.98 Wilson Co., NC 3 35.767178 -77.861783 
277 18.93 8.49 8.55 6.95 18.94 2.36 Wilson Co., NC 4 35.767178 -77.861783 
278 19.35 8.63 8.79 7.15 19.21 2.21 Wilson Co., NC 3 35.767178 -77.861783 
279 18.95 8.55 8.41 6.83 19 2.15 Wilson Co., NC 3 35.767178 -77.861783 
280 18.56 8.34 8.28 6.9 18.66 2 Wilson Co., NC 3 35.767178 -77.861783 
281 18.9 8.6 8.31 7.11 18.95 2.04 Wilson Co., NC 4 35.767178 -77.861783 
282 19.27 8.7 8.56 6.67 19.35 2.42 Wilson Co., NC 3 35.767178 -77.861783 
283 19.28 8.71 8.52 6.96 19.3 2.13 Wilson Co., NC 2 35.767178 -77.861783 
284 19.42 8.79 8.95 7.15 19.64 2.04 Wilson Co., NC 2 35.767178 -77.861783 
285 19.18 8.42 8.9 7.15 19.24 2 Wilson Co., NC 2 35.767178 -77.861783 
286 19 8.74 8.3 6.81 18.94 2.15 Wilson Co., NC  35.767178 -77.861783 
287 18.41 8.25 8.3 6.93 18.3 1.84 Wilson Co., NC 3 35.767178 -77.861783 
288 18.85 8.57 8.56 6.82 18.75 2.17 Wilson Co., NC 3 35.767178 -77.861783 
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289 19.11 8.53 DD 6.94 19.27 2.05 Wilson Co., NC 3 35.767178 -77.861783 
290 19.06 8.64 8.55 7.3 19.06 2.22 Wilson Co., NC  35.767178 -77.861783 
291 18.6 8.27 8.23 6.98 18.63 2.14 Wilson Co., NC 3 35.767178 -77.861783 
292 18.24 8.39 8.16 6.85 18.35 2.13 Wilson Co., NC 5 35.767178 -77.861783 
293 19.92 9.04 8.93 7.47 20.04 2.47 Wilson Co., NC 2 35.767178 -77.861783 
294 DD 8.24 DD 6.86 DD 1.74 Wilson Co., NC 5 35.767178 -77.861783 
295 DD 8.99 DD 7.15 DD 2.14 Wilson Co., NC 2 35.767178 -77.861783 
296 DD 8.14 DD 7.13 DD 2.2 Wilson Co., NC 3 35.767178 -77.861783 
           
Location SECP           
297 DD 8.41 DD 7.01 DD 2.05 Virginia Beach #1 3 36.731311 -75.986631 
298 19.67 8.5 9.04 6.8 19.79 2.16 Virginia Beach #2   6 36.7833 -76.158639 
299 18.85 8.34 8.66 6.72 18.89 2.49 Virginia Beach #2   3 36.7833 -76.158639 
300 20.09 8.87 9.35 6.95 20.31 2.17 Virginia Beach #2   5 36.7833 -76.158639 
301 19.38 8.69 8.53 6.75 19.42 2.27 Virginia Beach #2   3 36.7833 -76.158639 
302 19 8.14 8.74 6.73 19.18 2.11 Virginia Beach #2   3 36.7833 -76.158639 
303 19.24 8.58 8.57 6.8 19.3 2.29 Virginia Beach #2   4 36.7833 -76.158639 
304 18.64 8.28 8.39 6.76 18.82 2.35 Virginia Beach #2   4 36.7833 -76.158639 
305 19.29 8.5 9.11 6.82 19.62 2.12 Virginia Beach #2   4 36.7833 -76.158639 
306 19.24 8.8 8.88 6.55 19.35 2.08 Virginia Beach #2   4 36.7833 -76.158639 
307 19.1 8.44 8.64 6.85 19 2.08 Virginia Beach #2   3 36.7833 -76.158639 
308 19.43 8.76 8.61 6.89 19.4 2.19 Virginia Beach #2   4 36.7833 -76.158639 
309 19.15 8.43 8.7 6.93 19.22 2.26 Virginia Beach #2   3 36.7833 -76.158639 
310 19.07 8.4 8.54 6.93 18.77 2.35 Virginia Beach #2   5 36.7833 -76.158639 
311 19.1 8.3 8.7 6.91 19.03 2.16 Virginia Beach #2   6 36.7833 -76.158639 
312 19.57 8.8 9.13 6.91 19.73 2.18 Virginia Beach #2   4 36.7833 -76.158639 
313 18.97 8.29 8.59 6.94 18.99 2.37 Virginia Beach #2   6 36.7833 -76.158639 
314 19.74 8.91 8.62 6.95 19.66 2.33 Virginia Beach #2   5 36.7833 -76.158639 
315 19.43 8.75 8.9 6.8 19.71 2.07 Virginia Beach #2   4 36.7833 -76.158639 
316 19.1 8.31 8.86 6.99 18.92 2.01 Virginia Beach #2   3 36.7833 -76.158639 
317 19.74 8.8 9.09 7.16 19.76 2.45 Virginia Beach #2   3 36.7833 -76.158639 
318 19.12 8.55 8.85 7.03 19.31 2.23 Virginia Beach #2   3 36.7833 -76.158639 
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319 18.63 8.46 8.39 6.76 18.84 2.21 Virginia Beach #2   7 36.7833 -76.158639 
320 18.85 8.45 8.6 6.64 18.87 2.36 Virginia Beach #2   6 36.7833 -76.158639 
321 DD 8.64 DD 6.91 DD 2.08 Virginia Beach #2   3 36.7833 -76.158639 
322 18.82 8.35 8.54 6.8 18.94 2.28 Virginia Beach #2   4 36.7833 -76.158639 
323 19.15 8.39 8.68 6.73 19.1 2.08 Virginia Beach #2   4 36.7833 -76.158639 
324 18.71 8.38 8.79 7.08 18.97 1.94 Virginia Beach #2   3 36.7833 -76.158639 
325 19.44 8.79 8.95 6.9 19.54 1.93 Virginia Beach #2   2 36.7833 -76.158639 
326 18.92 8.13 8.62 6.82 18.98 2.23 Virginia Beach #2   4 36.7833 -76.158639 
327 19.06 8.76 8.81 6.94 19.43 2.43 Virginia Beach #3    4 36.761375 -76.145767 
328 19.07 8.39 8.58 6.7 19.05 2.34 Virginia Beach #3    3 36.761375 -76.145767 
329 19.35 8.86 8.74 7.04 19.55 2.15 City of Chesapeake #1  7 36.761375 -76.145767 
330 18.92 8.33 8.84 6.72 19.03 2.07 City of Chesapeake #1  5 36.761375 -76.145767 
331 18.85 8.33 8.32 7.16 18.97 2.33 City of Chesapeake #1  5 36.761375 -76.145767 
332 DD 8.66 8.38 6.87 DD 2.4 City of Chesapeake #1  3 36.761375 -76.145767 
333 19.35 8.5 8.96 6.97 19.29 2.12 City of Chesapeake #2  4 36.761375 -76.145767 
334 19.56 8.49 9.08 7.14 19.63 2.14 City of Chesapeake #2  3 36.761375 -76.145767 
335 19.3 8.46 8.71 6.95 19.48 2.17 City of Chesapeake #2  3 36.761375 -76.145767 
336 19.7 8.82 9.05 6.79 19.87 2.28 City of Chesapeake #2  4 36.761375 -76.145767 
337 19.82 8.55 8.84 6.75 19.7 2.27 City of Chesapeake #2  5 36.761375 -76.145767 
338 19.49 8.58 8.58 6.75 19.5 2.16 City of Chesapeake #2  5 36.761375 -76.145767 
339 19.06 8.64 8.79 6.77 19.2 1.9 City of Chesapeake #2  4 36.761375 -76.145767 
340 18.65 8.16 8.63 6.7 18.78 2 City of Chesapeake #2  3 36.761375 -76.145767 
341 19.55 8.62 8.84 7.01 19.56 2.17 City of Chesapeake #2  2 36.761375 -76.145767 
342 19.55 8.59 8.7 7.04 19.64 2.4 City of Chesapeake #2  5 36.761375 -76.145767 
343 18.52 8.25 8.61 6.73 18.66 2.3 City of Chesapeake #2  4 36.761375 -76.145767 
344 19.1 8.39 8.94 6.81 19.11 2.24 City of Chesapeake #1  4 36.756581 -76.144369 
345 18.93 8.18 8.27 6.84 18.95 2.41 City of Chesapeake #1  3 36.756581 -76.144369 
346 19.45 8.56 8.66 6.95 19.45 2.02 City of Chesapeake #1  4 36.756581 -76.144369 
347 19.52 8.67 8.95 6.85 19.48 2.18 City of Chesapeake #1  3 36.756581 -76.144369 
348 DD 8.65 8.94 6.95 19.45 2.47 City of Chesapeake #1  4 36.756581 -76.144369 
349 20.12 8.78 9.14 7.05 20.15 2.5 City of Chesapeake #1  4 36.756581 -76.144369 
350 19 8.41 8.5 6.61 18.9 1.97 City of Chesapeake #1 4 36.756581 -76.144369 
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351 19.32 8.49 8.9 7.05 19.45 2.23 City of Chesapeake #1 4 36.756581 -76.144369 
352 19.32 8.25 8.69 7.1 19.35 2.24 City of Chesapeake #1 4 36.756581 -76.144369 
353 19.11 8.39 8.43 7.02 19 2.21 City of Chesapeake #1 4 36.756581 -76.144369 
354 19.4 8.6 8.76 6.72 19.45 2.08 City of Chesapeake #1 2 36.756581 -76.144369 
355 19 8.5 8.52 6.84 19.12 2.08 City of Chesapeake #3  3 36.575192 -76.197639 
356 18.86 8.41 8.42 6.93 18.89 2.18 City of Chesapeake #3  3 36.575192 -76.197639 
358 19.09 8.3 8.71 7.04 19.14 2.1 City of Chesapeake #3  3 36.575192 -76.197639 
359 18.47 8.38 8.41 6.64 18.62 2.04 City of Chesapeake #3  4 36.575192 -76.197639 
360 18.8 8.43 DD 6.87 19.05 1.74 City of Chesapeake #3  3 36.575192 -76.197639 
361 DD 8.55 DD DD DD 2.17 City of Chesapeake #3  3 36.575192 -76.197639 
364 DD 8.35 DD 7.09 DD 2.11 City of Chesapeake #3  3 36.575192 -76.197639 
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Table 2. Blarina carolinensis museum skin samples from which DNA was extracted. 
 
VCU # Sex Locality (SCVA) 
Date 
Collected Collected By Latitude Longitude 
51 Female VA, Dinwidde Co.  6 mi. SW of Petersburg 26-Feb-70 D. Williams   
960  
VA, Nottoway Co. about 1 mi. E. of Burkesville on 
Rt. 360 (4 mi. S., 7.8 mi E. of Nottoway CH) 15-Jun-76 J. F. Pagels & C. M. Tate 37°11'15.45"N  78°11'1.26"W 
949  
VA, Chesterfield Co. E. bank of Appomattox River 
on 360 (18.75 mi W, 1.5 mi S of Chesterfield CH) 15-Jun-76 J. F. Pagels & C. M. Tate   
1109 Male 
VA, Amelia Co. 1.5 mi S. Appomattox River on Rt. 
609 (8.75 mi N, 0.3 mi E. of Amelia CH) 5-Nov-76 C. Tate, D. Marzen, & G. Scott   
1110 Female 
VA, Amelia Co. 1.5 mi S. Appomattox River on Rt. 
609 (8.75 mi N, 0.3 mi E. of Amelia CH) 5-Nov-76 C. Tate, D. Marzen, & G. Scott   
1111 Female 
VA, Amelia Co. 4.4 mi N, 1 mi E. of Amelia CH on 
Rt. 609 27-Oct-76 J. F. Pagels & C. M. Tate   
1143 Female 
VA, Amelia Co. 1.5 mi S. Appomattox River on Rt. 
609, Aldeman Place 5-Nov-76 C. Tate, D. Marzen, & G. Scott 37°27'45.98"N 77°57'57.75"W 
1144 Female 
VA, Amelia Co. 1.5 mi S. Appomattox River on Rt. 
609 (9.5 mi N, 0.3 mi E. of Amelia CH) 5-Nov-76 C. Tate, D. Marzen, & G. Scott 37°28'31.61"N 77°57'45.75"W 
1602 Male VA, Mecklinberg Co. 5mi S., .5 mi E. Clarksville 11-Dec-78 M. W. Goehle & D. L. James 36.551344 -78.544583 
1606 Female VA, Mecklinberg Co. 5mi S., .5 mi E. Clarksville 11-Dec-78 M. W. Goehle & D. L. James 36.551344 -78.544583 
1685 Female VA, Mecklinberg Co. 3.5 mi N., 4 mi W. Clarksville 16-Dec-78 M. W. Goehle & D. L. James 37° 8'14.52"N 77°33'27.60"W 
1706 Male VA, Charlotte Co. 16.5 mi N., 5 mi W. Clarksville 17-Dec-78 M. W. Goehle & D. L. James 36.863478 -78.575225 
1778 Male VA, Halifax Co.  Staunton River State Park 24-Mar-79 J. F. Pagels & Mammalogy Class 36°41'59.58"N 78°40'36.29"W 
1799 Female VA, Halifax Co.  Staunton River State Park 24-Mar-79 J. F. Pagels & Mammalogy Class 36°41'59.58"N 78°40'36.29"W 
       
  Locality (NNP)     
2105 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2106 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2131 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2133 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2134 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2135 Female VA, Westmoreland Co.  Westmoreland State Park 27-Oct-79 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2430 Female VA, Westmoreland Co.  Westmoreland State Park 1-Oct-83 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2431 Female VA, Westmoreland Co.  Westmoreland State Park 1-Oct-83 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2432 Male VA, Westmoreland Co.  Westmoreland State Park 1-Oct-83 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2433 Female VA, Westmoreland Co.  Westmoreland State Park 1-Oct-83 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
2435 Female VA, Westmoreland Co.  Westmoreland State Park 1-Oct-83 J. F. Pagels & Mammalogy Class 38.159769 -76.866603 
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Table 3.  Blarina carolinensis frozen alcohol-preserved specimens from which DNA was extracted. 
 
VCU# Sex Locality (SCVA) 
Date 
Collected Collected By Latitude Longitude 
16302  VA, Petersburg   PETE     MPH1 13-Jul-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16303  VA, Petersburg   PETE     PFP1 13-Jul-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16304  VA, Dinwiddie Co.  PETE Fks      BLHWD2 17-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16305  VA, Petersburg   PETE     MPH1 11-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16306  VA, Petersburg   PETE     MPH1 8-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16307  VA, Dinwiddie Co.  PETE Fks      WD3 15-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16308  VA, Dinwiddie Co.  PETE Fks      MPH2 15-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16309  VA, Petersburg   PETE     FFE1 11-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16310  VA, Dinwiddie Co.  PETE Fks      BLHWD1 16-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16311  VA, Petersburg   PETE     BLHWD1 11-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16312  VA, Petersburg   PETE     FFE1 9-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16313  VA, Petersburg   PETE     FFE3 10-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16314  VA, Petersburg   PETE     FFE3 10-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16315  VA, Petersburg   PETE     PFP2 10-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16316  VA, Dinwiddie Co.  PETE5F      MPH3 16-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16317  VA, Dinwiddie Co.  PETE5F      MPH2 17-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16318  VA, Dinwiddie Co.  PETE5F      MPH2 17-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16319  VA, Dinwiddie Co.  PETE5F      MPH3 17-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16320  VA, Dinwiddie Co.  PETE5F      MPH3 17-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16321  VA, Petersburg   PETE     BLHWD1 10-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16322  VA, Dinwiddie Co.  PETE5F      MPH2 16-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16323  VA, Dinwiddie Co.  PETE5F      MPH3 16-Jun-04 A. Chupp & A. Rader 37.140197 -77.627839
16324  VA, Petersburg   PETE     MPH1 11-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16325  VA, Petersburg   PETE     BLHWD1 11-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
16326  VA, Petersburg   PETE     FFE3 9-Jun-04 A. Chupp & A. Rader 37.2303675 -77.3611549
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Table 4.  Primer sequences with annealing temperatures for all primers used to amplify mtDNA 
Control Region and flanking 12SrRNA and Cyt-B, as well as EPIC loci. 
 
Locus  Forward Primer (5’ - 3’) Reverse Primer (5’ - 3’) Ta(°C)
Control Region (DL) ACAGTCAGGTGAGCAGATAGACCT AAGGTTTGGAATTGACCGAACGCC  50 
Control Region (SD) CCCCACCATCAGCACCCAAGC AGCGGGTTGCTGGTTTCACG 50 
Fgf7 TTTTTGTTCTTTCTTCGTT CATCATGGAAATCAGGAC 51.9 
Bmp4 TCTGGGATGCTGCTGAGGT AGTCTGGGGAGGAGGAGGAGGAAG 59 
Aqp1 AGGACAGAGGAAATCAAGA GAACGGCCCCACCCAGAAAG 
  
57.1 
Nfgr-E 
  
  
CGCTGCACAGGCTCTCC AGCCGGCCCGTGAACCAGA  50 
 
Nfgr-n1 CGCTGCACAGGCTCTCC GACCTCATCTTGGCTATCC  50 
Nfgr-n2 GCAGAGGGATAGCCAAGATGAGG AGCCGGCCCGTGAACCAGA  50 
 12SrRNA TACTCCGCCCTTCTTTACCC  GAGGGTGACGGGCGGTGTGT  57 
M13-Topo  GTAAAACGACGGCCAG  CAGGAAACAGCTATGAC    50 
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Table 5. MANOVA pairwise population comparison p-values for morphometric characters.  
Matrix A: Greatest Length of the Skull (lower triangle) and Occipital-Premaxillary 
Length (upper triangle).  Matrix B: Palate length (lower triangle) and Post-Palate length 
(upper triangle).  Site abbreviations are NNP (Northern Neck Peninsula), SECP 
(Southeastern Coastal Plain), SCVA (South Central Virginia), and NC (North 
Carolina). 
 
 
A         
  NNP SECP SCVA NC
NNP  0.002 0.293 0.036
SECP  0.003 0.021 0.000
SCVA  0.701 0.004 0.001
NC  0.002 0 0
 
B 
  NNP SECP SCVA NC
NNP  0.002 0.014 0.002
SECP  0.001 0.368 0.000
SCVA  0.904 0.001 0.000
NC  0.708 0.005 0.777
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Table 6. Pairwise population ΦPT (lower triangle) and estimates of Nem (upper triangle).  Both 
determined for haploid data as calculated in GenAlEx v. 6.4.1.  Site abbreviations are 
NNP (Northern Neck Peninsula), SECP (Southern Coastal Plain), SCVA (South 
Central Virginia), and NC (North Carolina). 
 
  
Population NNP SECP SCVA NC 
NNP 10 83 794 
SECP 0.045 38 128 
SCVA 0.000 0.013 38 
NC 0.001 0.004 0.000  
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Figure 1.  Observed distribution of Blarina carolinensis in Virginia (total sample sizes in 
parentheses).  The blue-shaded area in south-central Virginia denotes the generally 
accepted distribution, i.e. the northern extent of a broader range that continues 
throughout the southeastern United States.  Site abbreviations used throughout the text 
are shown in parentheses: NNP (Northern Neck Peninsula), SECP (Southeastern Coastal 
Plain), SCVA (South Central Virginia), and NC (North Carolina). 
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Figure 2.  Distribution of Blarina carolinensis (diamonds), and B. brevicauda (circles) for 
specimen collection sites.  A site where both species were found within the same 
bottles is marked by a square. 
                                                             51
 A      B 
 
 
 
 
 
  
 
 
 
Figure 3.  Gel visualization of amplicons from bottle-collected shrews showing typical multiple 
banding result.  A: mtDNA control region, B: EPIC Nfgr-E, Nfgr-n1, and Nfgr-n2 
primed samples. 
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Figure 4.  Distributions of Blarina carolinensis morphometric data.  Sampling sites are shown from top to bottom: NNP (Northern 
Neck Peninsula), SECP (Southeastern Coastal Plain), SCVA (South Central Virginia), and NC (North Carolina).  Data (all in mm) are 
for greatest skull length, palate, post-palate (Ppalate), and occipital-premaxillary breadth (OccPremax).  Data are not shown 
for the remaining two characters. 
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Figure 5.  Principle Coordinate Analysis as instituted in GenAlEx v. 6.4.1 for haploid distance 
matrices for 4 populations of Blarina carolinensis [Northern Neck (Red); Southeastern 
Coastal Plain (Green); South-central Virginia (Blue); North Carolina (Yellow)]. 
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Figure 6. Unrooted Neighbor-joining tree generated from pair-wise genetic distances of mtDNA 
sequence data for all individuals in Geneious v.5.4 (Drummond et al., 2011) using the 
Tamura and Nei (1993) nucleotide substitution model, bootstrap of 10,000 for node 
assessment with randomized starting trees.  Branch support limits were set to a minimum 
of 60%. 
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Figure 7.  Haplotype network produced with TCS v.1.21 from aligned sequence data.  Coloring 
coding is according to population with Black= Northern Neck Peninsula, Blue= South-
Central Virginia, Red= North Carolina, Yellow = Southeastern Coastal Plain.  001 = 
111 individuals (79.9%), 169 = 4 individuals (2.9%), all other haplotypes are singletons 
(0.7%). 
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Figure 8.  Allelic patterns across populations. Na: number of alleles within the population, Ne: 
number of effective alleles, I: Information index analogous to Shannon-Weaver index 
estimate of allelic diversity unbound by 1, He: expected allelic heterozygousity which 
is bound by 1 likely resulting in the higher diversity estimate shown. 
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Figure 9.  Spatial autocorrelation where dotted red lines denote the upper and lower bounds of a 
95% confidence interval about the null hypothesis of no spatial structure for the 
combined data sets as determined by 99 permutations  r = r value.  A. Northern Neck 
Peninsula, B. Southeastern Coastal Plain, C. South-central Virginia, D. Northeastern 
North Carolina. 
A 
B 
C 
D 
                                                             58
 
 
 
Vita 
Devon Scott Kersten was born on 20 October 1975 in Edison, New Jersey, and is an avid outdoorsman 
who loves to hike, backpack, camp, canoe, kayak, mountain and road bike, and harass various animals 
with a camera.  He also loves to travel to any place with a large wilderness area to explore and enjoy the 
solitude and the quiet.  Shrew, sloths, and mountain lions fascinate him.  He graduated from East 
Henderson High School in Hendersonville, North Carolina in 1993, received his Bachelor of Science in 
Biology from Virginia Commonwealth University in 2006, and was then accepted into graduate school.  
He has work experience in a plethora of unrelated fields in addition to a lengthy time teaching Biology 
labs for Virginia Commonwealth University.  After graduation he plans to teach at the junior college 
level. 
 
 
